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Fluorescence spectroscopy can be used as a highly sensitive and localized probe for hydration in 
lipid bilayers. Water associates with the head-group region, where it participates in an interlipid 
network of hydrogen bonds. Deeper in the bilayer, water is contained within acyl-chain packing 
defects. Fluorescence methodology is available to probe both the interstitial and head-group hy- 
dration in lipid bilayers, and results are in good agreement with other techniques. Using fluores- 
cence spectroscopic approaches, cholesterol is shown to dehydrate the acyl-chain region, while 
hydrating the head-group region. Membrane proteins appear to increase acyl-chain hydration at the 
protein-lipid interface. Overall fluorescence spectroscopic techniques may be most effective in 
studying the water content of lipid bilayers and especially of biological membranes. 
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INTRODUCTION 

Water has a primary role in the formation and 
maintenance of cell membrane architecture. The poten- 
tial in allosteric regulation by a "perturbed water layer" 
around proteins and lipid bilayers was discussed in a 
recent article [1], where evidence was presented that 
such water may play an important part in hemoglobin 
structure/function [2] and lipid bilayers (reviewed, e.g., 
in Ref. 3). It has been stated that hydration in mem- 
branes "provides a fast and inexpensive regulatory 
mechanism for lipid membranes to adapt their charac- 
teristics, at least locally and transiently, to new requi- 
rements" [4]. 

A number of studies have established that water 
hydrogen bonds directly to phospholipids and partici- 
pates in the lipid bilayer structure (see, e.g., Refs. 4-10). 
These water molecules within the head-group region 
participate in a hydrogen-bonded network that extends 
between the lipids that has been termed the "hydration 
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layer" [11,12]. This hydration layer arises from a 
"bound" hydration shell of 9-20 waters per phospho- 
lipid [3]. Head-group solvation is an important element 
in the formation of lipid bilayers, as it serves to partially 
offset the large electrostatic repulsion between charged 
head groups. Direct interlipid hydrogen bonding will 
also occur between some lipids, for example, between 
the NH3 + of PE and a phosphate oxygen of another lipid 
[13]. 

Considerable insight into the structural role of wa- 
ter in membranes has come from a series of studies on 
the properties of water that exist between two closely 
apposing bilayers (see, e.g., Refs. 1, 3, and 14-18) that 
are the key to understanding the features of the hydration 
layer. For instance, a "hydration pressure" exists which 
opposes the approach of bilayers, which is proposed, 
from theoretical analyses, to be due to the polarization 
and orientation of the interbilayer water (e.g., Ref. 19) 
due to the head-group dipoles. 

The lipid bilayer of cell membranes contains water 
not only within the lipid head-group region, but also 
between the fatty-acyl chains as "interstitial hydration" 
[20-25]; see Fig. 1. This means that overall, as the dis- 
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Fig. 1. Diagram of a lipid bilayer showing water molecules at the 
membrane surface and within both the head-group and acyl-chain 
regions. 
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Fig. 2. Diagram illustrating the dielectric constant gradient. 

tance from the surface increases, the water content de- 
creases, following a so-called "dielectric constant 
gradient" from a dielectric constant at the membrane 
surface of - 7 0  to - 5  at the bilayer center [26,27]. The 
steepness of the gradient depends on the degree and 
depth of the water penetration (see Fig. 2) and is at its 
steepest at the head-group region, where only a small 
shift of the gradient may potentially result in a large 
change in the dielectric constant. This could be sensed 
by an adjacent portion of a membrane protein and be 
translated into a fimctional effect. 

Recent studies have shown that the introduction of 
small peptides, consisting of three amino acids, can 
cause a shift of water deeper into the bilayer [28]. How- 
ever, the possibility of hydration at the protein-lipid hy- 
drophobic interface of transbilayer membrane proteins 
has hardly been explored, although the possibility of wa- 
ter occurring at the relatively hydrophobic surfaces of 
proteins is not entirely unknown [29]. Recently, using 

fluorescence spectroscopic approaches, it was shown that 
water may indeed exist at the membrane protein-lipid 
interface [30]. 

Much of the basic properties of the hydration layer 
are not yet understood. For instance, it is not known 
whether the extended hydrogen-bonded network extends 
down into the bilayer to include interstitial water, i.e., 
water trapped in acyl-ehain packing defects, or whether 
it even extends right across the bilayer. The effects of 
varied phospholipid unsaturation have also been hardly 
explored and the details of the relationship of lipid order, 
acyl-chain packing properties, and hydration are still 
only vaguely understood. The hydration layer obviously 
contributes significantly to the stability of the bilayer and 
to the energetics of lipid-lipid interactions. It is therefore 
axiomatic that altered hydration properties are going to 
have a significant influence on protein-lipid interactions 
and therefore on protein function. Further, evidence that 
membrane perturbation, for instance, by alcohols and an- 
esthetics, may proceed by a disruption of hydration is 
steadily accumulating (see reviews in Refs. 31-33). 
However, many of the details of these interesting pos- 
sibilities remain to be worked out. 

There are a number of techniques that have been 
used to reveal the presence and properties of water 
within the lipid bilayer. Neutron diffraction has been 
used for a number of years and remains a powerful tech- 
nique, since it provides a profile of the degree of water 
penetration across the bilayer (see, e.g., Refs. 21 and 
28). The disadvantages of the technique are the require- 
ment of a neutron source, long data acquisition times, 
and the poor stability of the thin films of lipids that are 
required for the experiments. InfolTnation has also been 
obtained by electron spin resonance and electrical ca- 
pacitance techniques [20,22-25,34]. Several methods 
have been used to determine directly the number of wa- 
ter molecules that are associated with a single phospho- 
lipid; for example, Sen and Hui [35] published a method 
using inverted micelles in hexane and radiolabeled wa- 
ter, although there is the drawback that usually these 
approaches cannot be performed with a bilayer. It is also 
possible to obtain information on the penetration of wa- 
ter into lipid bilayers using time-resolved fluorescence 
spectroscopy [27,36-42], and lipid-fluorophore desorp- 
tion techniques [43]. While the interpretation of the flu- 
orescence spectroscopic approaches relies heavily on the 
information provided by other approaches, there is the 
great advantage that measurements can be performed 
rapidly on small amounts of material and therefore on 
biological samples. The following sections discuss flu- 
orescent techniques for the study of hydration in lipid 
bilayers, except for the use of Laurdan, which is dis- 
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cussed by T. Parasassi and E. Gratton elsewhere in this 
issue. 

EFFECTS ON FLUOROPHORE INTENSITY/ 
EMISSION MAXIMA 

The excited-state lifetime is shorter for an increased 
content of water in the excited-state solvent cage through 
collisional quenching. Thus a shorter fluorescence life- 
time or lower fluorescence intensity is a useful indicator 
of increased water in the region where the fluorophore 
resides. In general, fluorescence approaches to the study 
of hydration depend on this effect and have suffered 
from the disadvantage that other factors besides water 
may contribute to a decrease in the fluorescence lifetime/ 
intensity. With some limitations, only the deuterium iso- 
tope exchange approach enables the presence of water 
to be inferred with any reliance (see below). Other flu- 
orescence approaches require at least some initial knowl- 
edge of  the system, or require that other confirmatory 
techniques must be used. 

The excited-state lifetime, and therefore the ob- 
served fluorescence emission maxima of a fluorophore, 
are a function of the molecular polarizability of the sol- 
vent cage and therefore of its dielectric constant. Thus 
the dielectric constant can be used as an index of the 
activity of water in the solvation shell of the fluorophore, 
from which the relative degree of hydration in the lo- 
cality of interest may be evaluated. To assess the die- 
lectric constant of a region in the bilayer, a fluorophore 
is first selected that is known to locate in this locality, 
for example, at the head-group region. The emission 
maxima of the fluorophore is then determined for a 
range of organic solvents for which the dielectric con- 
stant is known (from standard tables). A plot is then 
constructed of dielectric constant against emission max- 
ima. The emission maxima for the fluorophore in the 
membrane of interest can then be determined and the 
dielectric constant of the fluorophore location then read 
from the calibration plot. This approach has been used 
in a nmnber of laboratories (e.g., see Refs. 43 and 44 
and see article by R. M. Epand in this issue). 

The main advantage of the above method is that it 
is relatively straightforward to obtain the dielectric con- 
stant/emission plots and to determine the value for the 
membrane of interest. It suffers from two problems. 
First, it is often not possible to know with the required 
degree of  certainty the exact location of a fluorophore 
in the membrane. Second, it is important that the fluo- 
rophore is in a monomeric form in the organic solvents 
used to set up the calibration plot. Thus some phospho- 

lipid-labeled fluorophores may form inverted micelles in 
organic solvents, and the emission spectra of the fluo- 
rophore will then not be solely governed by the solvent, 
but by features of the inverted micelle structure, invali- 
dating the approach. However, this can be circumvented 
if a portion of the fluorophore-labeled phospholipid is 
used. For example, for dansyMabeled-PE, dansyl lysine 
could be used, and for NBD-labeled phospholipids, a 
short-chain NBD-fatty acid might be used. However, mi- 
cellar aggregation may still be a problem with this 
approach. Another limitation is that the dielectric con- 
stant in the head-group region is anisotropic, due to the 
alignment of water dipoles, whereas in the solvent this 
will not be the case, so the method is somewhat sem- 
iempirical. 

Recently the above approach was used in a study 
of the effect of ethanol on lipid bilayers [43]. A question 
that is difficult to resolve with ethanol and similar hy- 
drophobic perturbants is whether hydration is increased 
or decreased as a result of the presence of these agents 
in the membrane. For instance, ethanol, by intercalating 
between lipid head groups, could increase the amount of 
interstitial water present in the lipid bilayer, or ethanol 
itself may enter this region with the amount of water 
remaining constant, or even decreasing. To distinguish 
between these possibilities, the effect of ethanol on the 
dielectric constant at the locality of the bilayer where the 
NBD fluorophore resides was determined. This location 
has been shown to be at a depth in the bilayer corre- 
sponding to the glycerol backbone [45]. In the absence 
of ethanol, the dielectric constant from a calibration plot 
[43] was 38, whereas the value in the presence of eth- 
anol was 44. Comparison of these values with the die- 
lectric constant for pure ethanol of 24 [46] suggested 
that, on balance, water rather than ethanol was increasing 
at the depth probed by the C6-NBD-PC (1-pahnitoyl- 
2-N-(7-nitrobenzo-2-oxa-l,3-diazole-4-yl)aminohexa- 
noyl-PC) upon addition of ethanol, the main effect of 
which may have been at the surface, in terms of a head- 
group spacing effect. Thus if ethanol had entered into 
the locality of the NBD fluorophore or if the water con- 
tent had decreased, then the dielectric constant should 
have decreased. 

DEUTERIUM ISOTOPE EXCHANGE 

This method is based on a solvent isotope effect on 
the fluorescence quantum yield, and is especially useful 
in the study of hydration in the locality of the fluorop- 
bore [47,48]. The basic principle is that when H20 is 
replaced by D20 it reduces the nonradiative decay rate 
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Fig. 3. Fluorescence emission spectra for TMA-DPH in 1-palmitoyl- 
2 oleoyl-PC (POPC) bilayers, with and without cholesterol in either 
D20 or I-I20 buffers. (a) POPC/gramicidin in D20 (--)  or H20 ('") 
buffer; (b) with cholesterol. Note that in D20 the fluorescence emission 
is enhanced compared to H20, showing that the fluorophore is acces- 
sible to water. (from Ref. 30, with permission.) 

(i.e., proton transfer) of the fluorophore during the ex- 
cited-state lifetime and consequently increases the fluo- 
rescence quantum yield. Thus if the D20:H20 
fluorescence intensity ratio is greater than unity, then the 
fluorophore is in contact with water. On the contrary, if 
the fluorophore is shielded from water, then the ratio 
should equal one. This method conveniently allows rou- 
tine measurements of water penetration into [30] or 
across the lipid bilayer [49]. The fluorophore should 
have an exchangeable proton; examples include aminon- 
aphthalene trisulfonic acid (ANTS), dimethyl-amino-na- 
phthalenesulfonate (dansyl), and trimethylammonium- 
diphenylhexatriene (TMA-DPH) and tryptophan. Using 
the intrinsic tryptophan of a protein offers an approach 
for examining the question of hydration at the protein- 
lipid interface [30] or in other regions of membrane pro- 
teins, although the presence of large numbers of tryp- 
tophan residues in membranes limits the usefulness of 
this approach except for defined model systems. 

An example spectrum is shown in Fig. 3 showing 
the dehydrating effects of cholesterol. Using this ap- 
proach, it was possible to determine the D20/H20 fluo- 
rescence intensity ratio for a variety of phospholipid 
compositions, as shown in Table I. The trend for in- 
creased hydration, shown using TMA-DPH, follows the 
DPH-PC lifetime data, as discussed below. Again pro- 

tein is shown to hydrate the protein-lipid interfacial re- 
gion, indicating that the protein introduced more water 
into the locality probed by the TMA-DPH. The grami- 
cidin tryptophans are known to locate near the lipid 
head-group region and are in contact with the 
surrounding lipids [50,51]. Again the D20:H20 fluores- 
cence intensity ratio was greater than unity, indicative 
of water in this region, i.e., at the protein-lipid interface. 

FLUORESCENCE LIFETIME AND LIFETIME 
DISTRIBUTIONS 

The fluorescence lifetime of a suitably placed fluo- 
rophore can be a useful indicator of the relative amount 
of water in the region of the membrane in question. DPH 
is an example of an environmentally sensitive fluorop- 
bore, and it has been used as such to explore the water 
content of lipid bilayers and membranes [26,27,30,39]. 
As with other fluorescence approaches, it is useful to 
have some starting knowledge of the system. For in- 
stance, it is known that cholesterol reduces the water 
content of lipid bilayers (e.g., see Ref. 22). Thus the 
modulatory effect of other lipids on the ability of cho- 
lesterol to dehydrate the phospholipid acyl-chain region 
could be investigated in terms of the effects on the flu- 
orescence lifetime of a suitably located fluorophore in 
the acyl-chain region. 

It is important not to disregard the fimdamental 
value of the fluorescence lifetime center in considering 
the water content of a lipid bilayer. Thus fluorophores 
at fixed positions across the bilayer, while not probing 
across the dielectric constant gradient, can still be used 
to reveal the varied hydration at the position in question 
without recourse to fluorescence lifetime distributional 
analysis. This approach has been used in the study of 
cholesterol and phosphatidylcholine unsaturation, for in- 
stance, using DPH-type fluorophores [52,53]. It may be 
possible to "map"  hydration effects by the use of a 
range of fluorophores considering only the fluorescence 
lifetime center. The decrease of fluorescence lifetime of 
DPH with increased unsaturation [52,53] and its increase 
with cholesterol (see, e.g., Refs. 30, 53, and 54) would 
appear to be due mostly to the altered level of interstitial 
or interchain water. Table II lists data from this labora- 
tory showing the lifetime of DPH-PC in phospholipid 
bilayers of varying composition. For DPH-PC, the DPH 
is tethered to the sn-2 position of PC so that its location 
is precisely known. It can be seen that with increased 
unsaturation or protein addition, the lifetime decreases. 
Cholesterol, by contrast, increases the lifetime of DPH- 
PC, in keeping with its known bilayer acyl- chain de- 



F l u o r e s c e n c e  S p e c t r o s c o p i c  P r o b e s  o f  B i l a y e r  H y d r a t i o n  

Table I. Fluorescence Intensity Ratios (D20/H20) ~ for TMA-DPH and dansyl-PE 
Composition b 

in Vesicles of Varying Lipid 
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TMA-DPH c dansyl-PE d 

1 -palmitoyl-2-oleoyl-PC 
1 -palmitoyl-2-1inoleoyl-PC 
1 -palmitoyl-2-arachidonoyl-PC 
1-pahnitoyl-2-docosahexaenoyl-PC 
dioleoyl-PC 
dilinoleoyl-PC 
dilinolenoyl-PC 
1-palmitoyl-2-oleoyl-PC + cholesterol (25%) 
1-palmitoyl-2-oleoyl-PC + gramicidin (10%) 
1-palmitoyl-2-arachidonoyl-PC + gramicidin (10%) 
1-palmitoyl-2-docosahexaenoyl-PC + gramicidin (10%) 
1-palmitoyl-2-oleoyl-PC + brain-PS (10%) 
1-palmitoyl-2-oleoyl-PC + brain-PS (10%) + apocytochrome C (10%) 

1.14+0.01 e 1.1Y 
- -  1.19r 
1.19+0.02 ~ 1.20 r 
1.23 _+ 0.02 e 1.23 r 
1.2Y 1.19 r 
1.27s 1.22/ 
1.35 r 1.23f 
1.05 + 0.02 e 1.19 c 
1.23 e 
1.2(/ 
1.29 r 
1.16___ 0.03 e 
1.15+0.05 ~ 

aThe fluorescence intensities were separately determined in D20 and HzO buffers. 
ball data were collected at 37~ 
cTrimethyl-ammonittm DPH. 
d6-dimethylaminonaphthalene sulfonate phosphatidylethanolamine. 
eRef. [30]. 
sUnpublished data. 

Table II. Fluorescence Lifetime ~ of DPH-PC in Vesicles of Varying Lipid Composition b 

r(-protein) r(+protein) < 

1-palmitoyl-2-oleoyl-PC 
1 -palmitoyl-2-1inoleoyl-PC 
1 -palmitoyl-2-arachidonoyl-PC 
1 -palmitoyl-2-docosahexaenoyl-PC 
dioleoyl-PC 
dilinoleoyl-PC 
dilinolenoyl-PC 
1-palmitoyl-2-oleoyl-PC + cholesterol (25%) 
1-palmitoyl-2-oleoyl-PC + 1-palmitoyl-2-oleoyl-PE (40%) 
1-palmitoyl-2-oleoyl-PC + brain-PS (10%) 
1-palmitoyl-2-arachidonoyl-PC + brain-PS (10%) 
1-palmitoyl-2-docosahexaenoyl-PC + brain-PS (10%) 

7.41 _+0.04 d 7.21 +_0.04 e,e 
7.33 _+ 0.08g - -  
7.23 _+ 0.04 h - -  
7.08 _+ 0.04 h 
6.75 _+ 0.06g 
6.67 _+ 0.08g - -  
6.52 _+ 0.05g 
8.15-+0.13 d 7.57+0.1W 

7.47g 
7.29 _+ 0.19 h 7.02 h,i 
7.05 h 6.89~, t 
6.79 h 6.48h, i 

~ major fluorescence lifetime center (% sec. • I0 9) from biexponentiaI or bimodal Lorentzian dis- 
tributional analyses. 
bAll data were collected at 37~ 
cProtein:phospholipid = 1:10 (molar). 
URef [30]. 
eGramicidin. 
gUnpublished data. 
hRef [42]. 
%pocytochrome C. 

h y d r a t i n g  proper ty .  W h e n  the  p r o b e  is at  the  h e a d - g r o u p  

reg ion ,  for  example ,  for  dansy l -PE ,  the  e f fec t  o f  inc reas -  

ing u n s a t u r a t i o n  a g a i n  is to dec rease  the  f luorescence  

l i fe t ime;  h o w e v e r ,  cho le s t e ro l  n o w  also dec reases  the  

l i fe t ime,  i nd i ca t i ng  tha t  i ts  smal l  " h e a d - g r o u p "  v o l u m e  

c a n n o t  c o m p l e t e l y  " f i l l "  the  space  ava i lab le .  In te res t -  

ingly,  a p lo t  o f  l ip id  order ,  d e t e r m i n e d  f r o m  t ime- re -  

s o l v e d  an i so t ropy  m e a s u r e m e n t s  also w i t h  D P H - P C ,  

w h e n  p lo t t ed  as a f unc t i on  o f  the  f luo rophore  l i fe t ime,  

s h o w s  a s t rong  l inear  r e l a t ionsh ip  ove r  a b r o a d  r ange  o f  

l ipids,  w h i c h  inc ludes  p h o s p h a t i d y l c h o l i n e  w i t h  v a r i e d  

sn-2 u n s a t u r a t i o n  or  di-(sn-l ,2)  unsa tu ra t ion ,  PE,  a n d  
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Fig. 4. Relationship of lipid order with bilayer hydration. The plot on 
the left shows that there is a strong correlation between the order 
determined from time-resolved fluorescence anisotropy data (r~) for 
DPH-PC and the major lifetime center for DPH-PC, the latter being 
sensitive to interstitial hydration (dashed line is correlation, 0.96; solid 
lines show 95% confidence limits; data for a wide range of lipid bi- 
layer compositions, including varying sn-2 unsaturation, sn-l,2 diun- 
saturation, and PE and cholesterol content, taken from published and 
unpublished measurements). By contrast, the right plot shows that the 
fluorescence lifetime of dansyI-PE, reporting on head-group hydration, 
does not correlate with lipid order, again from DPH-PC data. 

cholesterol (see Fig. 4). By contrast, when the fluorop- 
bore (in this case dansyl attached to PE) is located at the 
lipid head-group region, the correlation between hydra- 
tion (now at the head-group region) and lipid order is 
no longer seen (see Fig. 4). This suggests that hydration 
at the lipid head-group region is a function of hydrogen 
bonding and is strongly orientation dependent. By con- 
trast, interstitial hydration appears to be a function of 
acyl-chain order. 

If an ensemble of fluorophores locates at various 
depths into the lipid bilayer, then individual fluorophores 
will locate and decay from the excited state with a rate 
dependent on the depth, i.e., on the dielectric constant. 
Thus a range of decay rates will accrue. A faster decay 
rate will result from a fluorophore located more toward 
the bilayer surface, where the water content is higher 
and a slower decay rate will result nearer to the bilayer 
center. Analysis of the fluorescence decay as a discrete 
or (single) exponential process fails to reveal this type 
of information, termed fluorophore "environmental het- 
erogeneity." A number of laboratories have recently ex- 
plored alternative methods of analysis of the decay of 
the excited state allowing investigation of environmental 
heterogeneity [27,36-40,55-65]. 

Several types of fluorophore have been used to ex- 
plore environmental heterogeneity in lipid bilayers, al- 

though DPH has been the probe of choice. DPH and 
TMA-DPH detect environmental heterogeneity by sam- 
pling ("vertically") across restricted regions of the di- 
electric constant gradient and laterally in the bilayer, 
whereas DPH-PC only samples lateral heterogeneity, 
since it cannot vertically sample [37,38,42]. The latter 
property makes it useful in the study of enviromnental 
heterogeneity introduced by proteins in natural mem- 
branes since it has been shown that environmental het- 
erogeneity, detected by DPH-PC, can be entirely 
attributed to the protein-lipid interface, whereas DPH 
detects heterogeneity, both from the dielectric constant 
gradient and the protein-lipid interface [37,38,42]. Re- 
garding analysis of the fluorescence decay in environ- 
mental heterogeneous systems, continuous fluorescence 
lifetime distributions, e.g., Gaussian or Lorentzian, are 
commonly employed [66]. The full-width at half-maxi- 
mum of the distribution will then relate to the diversity 
of fluorophore environments. This can then be used as 
a tool to explore environmental heterogeneity in mem- 
branes. This will occur provided the DPH probes across 
the dielectric constant gradient, within the excited-state 
lifetime, as demonstrated [27]. However, the factors gov- 
erning the width of the distribution are complex and in- 
terrelated [39], and must be carefully considered if a 
meaningful interpretation of data is to be achieved. 
These include the rate of exchange of the fluorophore 
solvent cage (basically the rate of lipid motion), the in- 
trinsic fluorescence lifetime (dependent on the molecular 
properties of the fluorophore itself), the location in the 
membrane together with shape and charge factors, etc. 

Using the fluorescence lifetime distribution ap- 
proach, it was first shown that, while above the gel- 
liquid phase-transition temperature (Tc) (e.g., for dipal- 
mitoylphosphatidylcholine) the fluorescence lifetime dis- 
tributional width was - 0 ,  below Tca  width was found 
indicating a range of decay rate [27]. In this case, the 
environmental heterogeneity below T c may be due to the 
slower rate of exchange of the fluorophore excited-state 
solvent cage (slower rate of lipid motion), packing de- 
fects in the gel-phase lipids, and an altered fluorophore 
location. We have studied bilayers of single species of 
phosphatidylcholine with varying sn-2 cis unsaturation 
and again found that DPH reports environmental ho- 
mogeneity above T c [37]. However, in mixed-PC species 
bilayers, such as egg-PC, even above Tc, analysis of the 
decay as a fluorescence lifetime distribution revealed 
distributional width indicative of environmental hetero- 
geneity [39]. This shows that the acyl chains must be 
sufficiently mismatched to introduce packing defects in 
the bilayer in which water molecules may reside. Thus, 
increased acyl-chain unsaturation tends to increase "in- 
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terstitial water" and/or it moves the dielectric constant 
gradient deeper into the bilayer. 

In the case of cholesterol, the effect is to increase 
the fluorescence lifetime [30,54], and to reduce the 
range of decay rates available to a fluorophore such as 
DPH [30,57,65,67]. The increased lifetime may be at- 
tributed to the cholesterol rigid planar structure 
"straightening" the acyl chains, reducing the interstitial 
water trapped in packing defects. The reduced water in 
the excited-state solvent cage of the fluorophore will 
then lengthen its excited-state lifetime. This effect, and 
the more ordered packing reducing the ability of the 
DPH to "sample" nearer the head-group region, would 
effectively reduce the range of dielectric constant probed 
and result in a reduced fluorescence lifetime distribu- 
tional width. 

The effect of membrane proteins on the fluores- 
cence lifetime and fluorescence lifetime distribution in 
lipid bilayers has been documented in a number of stud- 
ies from this laboratory [30,36-39,42]. Basically the ef- 
fect is to reduce the fluorescence lifetime center and to 
broaden the distributional width. The former effect could 
be attributed to the presence of water at the protein-lipid 
interface, as shown elsewhere [30]. The latter effect 
would appear to be due to the greater diversity of fluo- 
rophore environments available at the protein-lipid in- 
terface as compared to the lipid bilayer without protein. 
However, cholesterol, while narrowing the distributional 
width of DPH in lipid bilayers without protein, has the 
opposite effect in the presence of a protein [37]. In bi- 
layers of single species of phosphatidylcholine with var- 
ying sn-2 unsaturation, the fluorescence decay of 
DPH-PC is essentially homogeneous. However, in the 
presence of a model membrane protein we have recently 
shown that a distributional width appears (i.e., environ- 
mental heterogeneity increases) and, further, that it in- 
creases with unsamration. This may be due to the fact 
that although unsaturation increases packing defects into 
the bilayer that accommodate water, DPH-PC, being un- 
able to sample across the dielectric constant gradient, 
reports a homogeneous environment. However, with a 
protein it would appear that the heterogeneous surface 
may, together with the unsaturated acyl chains, introduce 
lateral heterogeneity, an effect that would be detected 
as a range of decay rates for DPH-PC, as found [38,42]. 
The protein effect on fluorescence lifetime heterogeneity 
could originate from at least three different causes: the 
direct protein-lipid or protein-fluorophore contact, 
probe rotational heterogeneity, and water penetration 
(fluorophore detects a range of dielectric constants). Sev- 
eral model proteins, including gramicidin, apocyto- 
chrome C, cytochrome bs, and bacterhodopsin [30,36- 

38,42], have been shown to introduce environmental het- 
erogeneity into the lipid bilayer, as detected by the ap- 
pearance of a broad distributional width for DPH or 
DPH-PC. Also, when membranes from rat-liver micro- 
somes were prepared with DPH-PC incorporated, a con- 
siderably broadened distributional width was recovered 
which was not present in vesicles of total extracted lipids 
[37], again showing that environmental heterogeneity 
arises from the protein. Interestingly, compared to model 
systems with a single protein, there was a greater envi- 
ronmental heterogeneity (for DPH-PC) in microsomal 
membranes [37], an effect probably due to the large va- 
riety of multi-spanning proteins resulting in multiple 
fluorophore environments. 

THE PHOSPHOLIPID DESORPTION 
TECHNIQUE 

Hydrogen bonds exchange relatively rapidly, and in 
a lipid bilayer it is appropriate to consider the overall 
interactions between a lipid and neighboring molecules. 
This will be dependent on the lipid class distribution, 
since, for example, interactions between PC head groups 
are weaker than those between PE or PS, due the ability 
of the latter to form direct interlipid hydrogen bonds 
[13]. For PC, only water-water and lipid-water hydro- 
gen bonding via the associated hydration layer is pos- 
sible. Hydrogen bonding is "directional" and is a 
function of both the spatial orientation and the potentials 
of the participating donor/acceptor dipoles. Thus, hydro- 
gen bonding will be a function of both the spacing of 
head groups, a static quantity, and dynamic contributions 
such as the rate of segmental motion of the phospholipid 
dipoles [68-70]. A greater rate of segmental motion of 
the lipid head groups will be reflected in a weakening 
of interlipid hydrogen bonding, so that, conversely, the 
rate is a useful diagnostic for a weakened hydrogen 
bonding network [68]. 

One approach to studying interlipid hydrogen bond- 
ing involving water is to examine the contribution to 
overall lipid-lipid interactions, which also include hy- 
drophobic, van der Waals, and electrostatic interactions. 
This may be accomplished by measuring the rate of de- 
sorption of a phospholipid from a membrane (reviewed 
in Ref. 71; also see Refs. 72-74). The rate of phospho- 
lipid desorption is normally slow and difficult to meas- 
ure; however, if one acyl chain is replaced with a 
fluorophore attached to a shorter acyl chain, the mag- 
nitude of the van der Waals interactions between acyl 
chains is decreased, and the rate of desorption increased. 
The desorption process can then be easily followed from 
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Table III. Correlations Between the Effects of Varying Lipid 
Bilayer Composition on Cr-NBD-PC Desorption Rate (kojr) , 

Rotational Correlation Time, a and dansyl-PE Lifetime b,c 

Modification ko S 4,o ~b 

Varied sn-2-acyg ]" 1" -1, 

Varied sn-l,2-diunsaturatiorg $~ "r $ 

sn-2-acyl unsaturation compared to 
sn- l ,2-diunsaturation ~-~ ~-~ .1. 

Cholesterolg ~ ~ $ 

pE g <--+ ~ ,~ 

Effect of 200 mM ethanol ]" ]'" -], 

~Rotational correlation times from 31p and 1H NMR-refs [68,70]. 
bdansyl-PE fluorescence lifetime from Table II. 
o4-~ no change; 1" increase; -l, decrease. 
dRef [43]. 
eSlater and Stubbs (unpublished). 
JEffect of increasing either sn-2-acyl unsaturation with 1-palmitoyl-2- 
linoleoyl-PC, 1-palmitoyl-2-arachidonoyl-PC, and 1-palmitoyl-2-do- 
cosahexaenoyl-PC, or sn-l,2-acyl tmsaturation with 1,2-dioleoyl-PC, 
1,2-dilinoleoyl-PC, 1,2-dilinolenoyl-PC. 
gEffect of 25 mol% cholesterol or 50 tool% PE on C6-NBD-PC de- 
sorption rate from PC vesicles. 

changes in fluorescence, as the fluorophore-labeled 
phospholipid is desorbed into a different environment 
such as another vesicle (e.g., see Refs. 72-74). Also by 
this means, the desorbed lipid may be distinguished from 
the lipids that make up the membrane from which it is 
desorbed (the "donor lipid"), both of which may then 
be independently varied. A dependence of the pseudo- 
first-order rate constant koff for C6-NBD-PC desorption 
from PC donor vesicles following the trend Cr-NBD-PC 
> C6-NBD-PS > C6-NBD-PE is observed [43]. The 
much faster rate of C6-NBD-PC desorption has been at- 
tributed to the relatively weak water-water hydrogen 
bonding between PC head groups via the hydration layer 
compared to direct interlipid hydrogen bonding possible 
for PE and PS [43,72]. 

How structural changes in regions of the bilayer 
distal from the head groups effect head-group interac- 
tions is poorly understood. Increasing phospholipid un- 
saturation decreases lipid order [75], increases the rate 
of head-group segmental motion [68], and increases 
head-group spacing [76]. The desorption rates of C 6- 
NBD-PC from PC donor vesicles increase with the level 
of PC sn-2 unsaturation [43]. Lipid order is not directly 
responsible for the effect, since the presence of choles- 
terol (25 mol %) in vesicles comprised of PC, which has 
a large lipid ordering effect in cell membranes (reviewed 
in Ref. 77), has only a marginal effect on the rate of C 6- 
NBD-PC desorption [43]. Also, ethanol, which disorders 

lipid bilayers, potentiates the effect of increased unsa- 
mration, while the effect of the alcohol on lipid order 
decreases with unsaturation [43]. Thus modifications in 
the acyl-chain region on rates of NBD-labeled phospho- 
lipid desorption are mediated primarily by the modula- 
tion of head-group interactions. 

The negligible effect of cholesterol compared to the 
potentiating effect of increasing PC unsaturation on 
phospholipid desorption rates [43] cannot be explained 
on the basis of head-group spacing since both increase 
this parameter (see, e.g., Ref. 76). Further, as shown in 
Table III, there is no apparent correlation between the 
degree of water penetration into the head-group region, 
assessed from dansyl-PE lifetime measurements, and de- 
sorption rate. However, previous studies have shown 
that cholesterol has a negligible effect on the motional 
rates of the phosphocholine moiety of phospholipids in 
the liquid crystalline phase (see, e.g., Refs. 68-70), 
while increased unsaturation (and ethanol) leads to an 
increases this parameter [43]. This suggests that phos- 
pholipid desorption rate and therefore hydrogen bonding 
between head groups correlate with the dynamic prop- 
erties of the head group, rather than static properties, 
such as head-group spacing (Table III). Support for this 
hypothesis comes from the finding that the desorption 
rates of fluorophore-labeled PC from vesicles comprised 
of PC of increasing sn-2 unsamration are identical to 
those of sn-l,2-diunsaturated lipids containing the same 
total number of double bonds per PC (C. D. Slater and 
S. J. Stubbs, unpublished results; see Table III). This 
agrees with the observation that the head-group motional 
rates are also similar [68], and shows a lack of a cor- 
relation between lipid desorption rates and head-group 
spacing, since the cross-sectional molecular area of sn- 
1,2-unsaturated PC is greater than that of the corre- 
sponding sn-2-unsaturated PC containing the same 
number of double bonds (see, e.g., Ref. 76). Also, the 
presence of PE in vesicles composed of PE and PC (1: 
1 molar) has no effect on the desorption rate of C6-NBD- 
PC (Table Ill). This again correlates with an observed 
negligible effect of PE on the motional freedom of the 
phosphocholine moiety, as assessed from 31p and 1H 
NMR spin-lattice relaxation times [68,70]. Thus, since 
hydrogen bonds are "directional" and require that ac- 
ceptor and donor have the correct spatial geometry, it is 
likely that the strength of water-lipid hydrogen bonding 
will be a function of the rate of motion of the phosphoch- 
oline moiety. Further, since phospholipid desorption is a 
fimction of the strength of water-lipid and water-water 
hydrogen bonds in the hydration layer [43], then this pa- 
rameter can be considered a useful diagnostic of the mo- 
tional properties of the phospholipid head group. 
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SUMMARY AND PERSPECTIVES 

In summary ,  f luorescence  spect roscopic  approaches  

add cons iderably  to the a rmory  avai lable  for the study 

o f  hydra t ion  in l ipid bi layers  and cel l  membranes .  The  

ma in  advantages  o f  f luorescent  methods  are sensi t ivi ty 

and the fact that probes  m a y  be  prec i se ly  located. A 

disadvantage  is that it is not  a lways  poss ible  to assign 

unambiguous ly  effects  to hydrat ion changes  wi thout  re- 

course  to other  approaches.  M e m b r a n e  proteins are 

known  to undergo  subtle changes  in conformat ion,  for 

example ,  ion channel  gat ing mechan isms ,  interactions o f  

var ious  extr insic m e m b r a n e  proteins  wi th  the l ipid bi-  

layer,  such as protein kinase  C, etc. Smal l  changes  in 

hydra t ion  at the p ro te in - l ip id  interface could  p rov ide  the 

energy  to dr ive or  modula te  such conformat iona l  m o d -  

ifications. Wi th  the advances  in s i te-directed mutagene-  

sis one  m a y  foresee  probes  on m e m b r a n e  proteins  be ing  

used  to assess the role  o f  hydra t ion  in these effects.  An-  

other  area that should see deve lopmen t  in the short t e rm 

is the use o f  f luorescent  approaches  to increas ing un-  

ders tanding o f  the role  p layed  by  al tered hydra t ion  at the 

m e m b r a n e  surface in the effects  o f  per turbat ion such as 

occurs  in drug and anesthet ic  interactions wi th  m e m -  

branes.  
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